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Abstract Information on the development of the male
reproductive structures in willow will help advance our
understanding of its reproductive behavior and contrib-
ute to our ability to work towards its improvement.
Willow also offers the opportunity to study male sterility,
a subject matter which is not typically dealt with in
woody plants. As compared to the three willow species
examined (Salix eriocephala, S. exigua, and S. purpurea),
pollen development in S. discolor ‘S365’ showed several
abnormalities starting with the delay in meiosis. This
lasted for about 10 days and meiosis eventually occurred
as manifested by the formation of microspores. However,
most of the resulting microspores collapsed, while only a
few developed into pollen grains. The large number of
undeveloped and disintegrated microspores appeared to
make the few pollen grains sticky, preventing them from
being dispersed. Histochemical analysis showed that
meiosis in most species of willow was associated with the
presence of large amounts of insoluble polysaccharides in
the anther wall layers, but only very few of these were
observed in S. discolor. Also, a 32-kDa protein which is
the most abundant protein in the reproductive structures
of willow, was absent in S. discolor ‘S365’. Proteomic
analysis showed that this is similar to the storage proteins
in Populus x canadensis and P. deltoides. Therefore, male
sterility in S. discolor may be due to some genetic defects
affecting the accumulation of essential reserves in its
reproductive structures. The mechanism behind this is
unknown, but this study has established the nature of
sterility in S. discolor ‘S365’.
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Introduction

Willows are fast growing woody plants that are rapidly
coming to the forefront as a major source of biomass, an
excellent alternative source of energy. It is also a
renewable and carbon dioxide neutral energy source.
Willow biomass can be used to generate electricity by co-
firing it with coal; it can be burned directly or converted
to gas or liquid fuel (McIlveen-Wright et al. 2001; Wil-
son et al. 2001). Various research efforts to increase
willow biomass have focused on the requirements of
short-rotation plantation culture (Borjesson 1999; Perttu
1999; Aravanopoulos 2000; Nienow et al. 2000; Hunter
2002), interspecific hybridization (Larsson 1998;
Kopp et al. 2002; Hallgren et al. 2003), and isolation
of molecular markers (Alstrom-Rapaport et al. 1998;
Hanley et al. 2002; Barker et al. 2003; Gunter et al.
2003).

Reproductive sterility in plants is a desirable feature
because it allows nutrients and assimilates to be redi-
rected to vegetative growth, therefore, contributes to the
increase in biomass (Fielding 1960; Ledig and Linzer
1978; Strauss et al. 1995). It was estimated that pro-
duction of pine cones and pollen grains reduced the
stem’s mean annual increment by 16% (Fielding 1960).
Of the reproductive structures, the anther undergoes the
highest rate of metabolism and is therefore the strongest
sink in the floral buds (Lawrence and Mayne 1991;
Clément et al. 1994, 1996; Clément and Audran 1995;
1999). Therefore, preventing reproductive development
may boost growth rates because the energy and nutrients
devoted to the formation of reproductive structures are
redirected towards vegetative growth (Jain and Minocha
2000; Shykoff et al. 2003).

Our knowledge of male sterility is essentially confined
to herbaceous plants such as tobacco (Worrall et al.
1992), tomato (Gorman et al. 1996), maize (Levings
1993; Chaubal et al. 2000), and soybean (Smith et al.
2002) among others. This is mainly because woody
plants have long life cycles that make them a difficult
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group to work with. However, the use of fast growing
hardwoods may be able to offset this problem. Over the
years, it has been observed that a few willow clones do
not produce pollen grains or seeds (Kopp 2000). In all
crosses involving a male clone of Salix discolor ‘S365’,
seeds were not obtained (Kopp 2000). It is possible that
this clone is reproductively sterile, but it is not known if
the observed sterility is a stable genetic condition or
simply an environmental effect. If this clone is sterile, the
nature of its sterility is not known. Therefore, an
opportunity exists that allows exploration of sterility in
woody species, a subject matter that is not commonly
dealt with in this group of plants. Also, information on
the development of the male reproductive structures in
willow is lacking. This is important to help advance our
understanding of the species’ reproductive behavior and
facilitate research on this potentially economically
valuable species.

This study aims to: (1) determine the timing of the
various stages of male reproductive development, (2)
describe the development of the male reproductive
structures (inflorescence, floral meristem, anther, and
pollen grains), (3) identify the onset of pollen grain
abortion in S. discolor ‘S365’ by comparing its devel-
opment with other willow species, (4) characterize pollen
development through histochemistry, and (5) identify
proteins which are associated with the sterility observed
in S. discolor ‘S365’.

Materials and methods

Plant material

Salix discolor ‘S365’, S. eriocephala ‘S19’ and ‘287’,
S. exigua ‘S301’ and S. purpurea ‘PUR12’ growing at the
SUNY-ESF’s Genetic Field Station in Tully, NY, USA
were the primary species used in this study. Collections
and observations were performed from 2001 to 2004.
Two types of twigs (of approximately 20-inches long)
were collected. Dormant twigs were collected in
November and December and stored in a cold room
(4�C) until further use. The twigs were induced to pro-
duce catkins in a greenhouse and served as source of
specimens (inflorescence meristems, anthers, and devel-
oping pollen grains) prior to their availability in the
field. Some experiments used catkins at various stages
produced under field conditions that were collected in
April and May. These twigs were used to confirm the
developmental stages and structures that were observed
using greenhouse-induced catkins.

Ultrastructural analysis

Reproductive buds at inflorescence meristem stage were
fixed in 2.5% (w/v) glutaraldehyde in 0.1 M sodium
cacodylate buffer (pH 7.4) for 24 h. The samples were
rinsed with the same buffer three times for 15 min each

and dehydrated by passing them through a graded series
of ethanol (50, 70, 95, and 100%) for 15 min each. This
was followed by critical point drying, mounting on
aluminum stubs, and sputter coating with gold. The
samples were examined under a JEOL JSM�5800 LV
scanning electron microscope and representative images
were obtained.

Histological analysis

Anthers at different developmental stages were collected
from both types of twigs at different times of the year.
The anthers were fixed for 24 h in 2.5% (v/v) glutaral-
dehyde in 0.1 M sodium cacodylate buffer (pH 7.4)
containing 0.5% (w/v) SDS to reduce the surface ten-
sion of specimens. The anthers were rinsed with the
same buffer three times for 15 min each. The samples
were dehydrated through a graded series of ethanol (50,
70, 95, and 100% ethanol for 15 min each). Infiltration
was performed by passing the samples through the fol-
lowing: (1) 1:1 ratio of 100% ethanol to Technovit 7,100
infiltration solution (Heraeus Kulzer, Germany) (com-
posed of 2-hydroxyethyl methacrylate and dibenzoyl-
peroxide) for 4 h; (2) 1:2 ratio of 100% ethanol to
infiltration solution for 4 h; (3) pure infiltration solution
for about 12 h; and (4) fresh infiltration solution for
24–72 h. The samples were embedded in a medium
containing 1:15 ratio of dimethyl sulfoxide to pure
infiltration solution. Specimens were allowed to poly-
merize for 40–120 min at room temperature while
completely sealed with paraffin. The specimens were
sectioned (1 lm) with a Sorvall MT2-B ultramicrotome
using glass knives. The sections were individually picked
up and transferred with a fine forcep, floated on a drop
of water on glass slides and heated gently to hasten the
spreading of the sections. The sections were stained with
0.05% (w/v) Toluidine Blue O (TBO) in 0.2 M sodium
phosphate buffer (pH 7) for 30 s and then rinsed with
distilled water.

Histochemical analysis

Representative sections were stained with 0.01% (w/v)
Aniline Blue in 0.1 M phosphate buffer (pH 9) to detect
the presence and localization of callose (Eschrich and
Currier 1964). The sections were examined under a
LEICA fluorescence microscope using UV excitation
(395–415 nm).

Another set of sections representing various devel-
opmental stages was stained with Periodic Acid-Schiff’s
(PAS) to detect the presence and localization of insolu-
ble polysaccharides (Feder and O’Brien 1968). The
specimens were examined under a light microscope
(Leica DMLB, CA, USA) and representative images
were obtained using a DEI-7500 CE digital video cam-
era (Optronics, Goleta, CA, USA).
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Protein analysis

Proteins from whole catkins, anthers only, and catkin
axes only (anthers removed) were isolated from four
clones (three species), i.e., S. discolor ‘S365’, S. eriocep-
hala ‘S19’ and ‘S287’, S. exigua ‘S301’. Samples were
ground into a fine powder using liquid nitrogen and
collected in a sterile microtube. Extraction of proteins
was based on Fernando et al. (2001). Briefly, protein
extraction buffer composed of 65 mM Tris, 1% sodium
dodecyl sulfate, 5% glycerol, and 2.5% b-mercaptoeth-
anol at pH 6.8 was added to the ground specimens and
vortexed for 5 min. The solution was boiled for 5 min
and then frozen at �80�C for 1 h. Samples were thawed,
boiled for 5 min, and centrifuged at 14,000·g at 4�C for
30 min. The supernatant was collected and stored at
�20�C until use. Proteins were quantified using Bio-Rad
Protein Assay Kit (Bio-Rad, Hercules, CA, USA). Five
dilutions of the bovine serum albumin (BSA) standard
and samples were tested by measuring the absorbance at
595 nm. SDS-PAGE was carried out on 1.5-mm thick
12% separating gel and 4% stacking gel. A sample
volume of 100 ll containing 50 lg protein was applied
in each well. Low range molecular mass standards (14.4–
97.4 kDa, Bio-Rad) were used to calibrate the samples.
The gel was stained with Coomassie Stain Solution (Bio-
Rad).

Two-dimensional SDS polyacrylamide gel electro-
phoresis was performed according to O’Farrell (1975).
Briefly, in the first dimension, isoelectric focusing (IEF)
was carried out in glass tubes (2.0-mm inner diameter)
with 2% (v/v) ampholine (Gallard-Schlesinger Indus-
tries, Inc., Garden City, NY, USA), pH 4–8 for
9,600 volt-h. The tube gel was calibrated by adding
50 ng of tropomyosin to each sample prior to loading.
Tropomyosin is an IEF internal standard that showed
two polypeptide spots (33 and 34 kDa) of similar pI
(5.2). After equilibration in buffer ‘‘0’’ (10% glycerol,
50 mM dithiothreitol, 2.3% SDS and 0.0625 M Tris,
pH 6.8), each tube gel was sealed to the top of a stacking
gel that overlays a 12% acrylamide slab gel (0.75-mm
thick). SDS gel electrophoresis was carried out for about
5 h at 25 mA/gel. High range molecular mass standards
(Bio-Rad) were used and appeared on the basic side of
the Coomassie blue-stained gels. The gels were dried
between transparent cellulose sheets.

Protein spots were excised, washed, reduced with
DTT (10 mM in 100 mM NH4CO3), alkylated with io-
doacetamide (55 mM in 100 mM NH4CO3), and rinsed.
The proteins were digested in 50 ll 10 mM Tris–HCl
(pH 8.0) containing 1 pM trypsin (Sigma, St. Louis,
MO, USA) at 37�C for 10–12 h. The peptides were ex-
tracted with 25 mM NH4CO3, acetonitrile and 5% for-
mic acid. The peptides were purified from the extract
using C18 Zip-Tips (Millipore, Bedford, MA, USA) and
analyzed by electrospray ionization-quadruple time of
flight-tandem mass spectrometry (ESI-QTOF-MS/MS).
Fragmentation spectra of each sample were manually
analyzed and de novo amino acid sequences were

generated. These were submitted for identification using
the Mascot interface (Matrix Science, London, UK) and
NCBI was selected as the primary database to be sear-
ched.

Results

Timing of male reproductive development

The timing of the development of the male reproductive
structures in S. eriocephala ‘S19’ and ‘S287’, S. exigua
‘S301’, S. purpurea ‘PUR12’ and S. discolor ‘S365’ was
observed throughout the 4-year duration of this study
based on field collected samples (Table 1). Reproductive
buds were formed around the middle of July. They were
produced at the leaf axils of branches from current
year’s growth. Compared to vegetative buds, the
reproductive buds were usually thicker and bigger. At
this stage, reproductive buds were composed of inflo-
rescence meristems with several developing bracts along
their flanks (Fig. 1A). Epidermal hairs started to devel-
op on the most distal bracts and progressed towards the
bracts at the apical end of the inflorescence meristem. By
the middle of August, floral meristems started to develop
at the axils of each bract (Fig. 1B). Two anther pri-
mordia were formed per floral meristem and no other
structure was observed between anther primordia
(Fig. 1C). By September, most of the epidermal hairs
had formed and completely enclosed the developing in-
florescences and the anthers within. At this stage, the
anthers were composed of microspore mother cells
(MMCs). The reproductive buds remained at this stage
throughout the fall and winter.

In April of the following year, pollen development
proceeded inside the reproductive buds with the MMCs
undergoing meiosis and resulting in the formation of
microspore tetrads. The first stage of gamete formation
also occurred at this stage. As a result of the growth in the
anthers, the reproductive buds started to expand and
elongate resulting in the shedding of bud scales. Although
the anthers were fully developed, the filaments had not
elongated at this stage. In May, the filaments had elon-
gated and resulted in the raising up of the anthers. The

Table 1 Correlation between developmental stages and time of the
year in willow

Developmental stage J F M A M J J A S O N D

Reproductive bud X X X X X X X X X
Inflorescence meristem x x
Floral meristem x
Anther primordium x
Microspore mother cell x x x x x x x
Tetrad x
Microspore x
Binucleate pollen grain x x
Flowering/anthesis X X
Anther dehiscence x x

X and x=indicate occurrence of developmental stages
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anthers dehisced at this stage. It was also at this stage
when the male flowers were considered in bloom. Of the
three species representing four clones examined (S. erio-
cephala ‘S19’ and ‘S287’, S. exigua ‘S301’, S. purpurea
‘PUR12’), no difference was observed in the timing of the
various developmental stages (Table 1).

Structural analysis of pollen development

The anthers of S. eriocephala ‘S19’ (Fig. 2A), S. exigua
‘S301’ (data not shown), and S. discolor ‘S365’ (Fig. 2a)
were tetrasporangiate. Each lobe was made up of five
morphologically distinct groups of cells which included
the epidermis, endothecium, middle layer, tapetum, and
MMCs (Fig. 2A, a). All of these were made up of a
single layer of cells, except for the MMCs, which formed
a disorganized mass of cells that occupied the anther
locule. At this stage, the tapetum was made up of
small cells which were cytologically indistinguishable
from the cells of the middle layer (Fig. 2A, a).

In early spring, the MMCs in S. eriocephala and
S. exigua underwent meiosis and formed tetrads of
microspores (Fig. 2B). The tetrads were enclosed within
a thick callose wall. The tetrads were formed synchro-
nously within an anther lobe but not necessarily between
lobes. The tapetal cells became extensively enlarged and
well differentiated from the other layers (Fig. 2B).

The microspores became separated from their tetrad
arrangement as the callose wall disintegrated. Most of
the microspores expanded and assumed an isodiametric
shape (Fig. 2C). The tapetal cells remained enlarged,
densely cytoplasmic and closely attached to each other
(Fig. 2C). At late microspore stage, the tapetal cells
became highly vacuolate and separated from one an-
other (Fig. 2D). The anther lobes expanded at this stage.
Most of the microspores were densely cytoplasmic,
whereas a few appeared collapsed or empty.

Most of the microspores divided to form binucleate
pollen grains. These pollen grains were generally densely

cytoplasmic and furnished with intricate wall sculptur-
ing. At this stage, the tapetal cells had almost completely
degenerated (Fig. 2E). The cells of the endothecium
became expanded and acquired secondary wall thick-
enings. As the anthers dehisce (Fig. 2F), numerous
pollen grains were released with sizes ranging from
20 lm to 36 lm.

A comparison of pollen development between
S. eriocephala, S. exigua, and S. discolor revealed several
interesting peculiarities in the latter. One of the striking
differences was the delay of meiosis in S. discolor. Based
on the typical developmental stages represented in S.
eriocephala ‘S19’ and ‘S287’ and S. exigua ‘S301’, mei-
osis occurred when the tapetal cells were fully expanded
and densely cytoplasmic. In S. discolor, meiosis did not
take place even if the tapetal cells were in this condition.
Instead, the MMCs became enlarged and separated
from one another (Fig. 2b). Also, correlated with the
occurrence of meiosis was callose wall formation. In S.
eriocephala, meiosis and callose wall formation occurred
simultaneously resulting in the retention of the four
haploid microspores in tetrad arrangement. In S. dis-
color, even if the MMCs did not undergo meiosis
(Fig. 2b), formation of callose wall still occurred
(Fig. 3a).

Fig. 1 Scanning electron micrographs of male reproductive struc-
ture in Salix discolor. A Inflorescence meristem with developing
bracts. Br bract. Bar=50 lm. B Male floral meristems (arrow
heads) at the axils of each bract. Br bract. Bar=50 lm. C Two
anther primordia produced per floral meristem. APanther primo-
dium. Bar=10 lm

Fig. 2A–F Photomicrographs of anther and pollen development in
S. eriocephala ‘S19’. AMMC stage and each anther lobe is made up
of epidermis, endothecium, middle layer, tapetum, and microspore
mother cells. B Tetrad stage with distinct and enlarged tapetum,
callose walls surround the microspores. C Early microspore stage
showing the microspores (arrow heads) separated from each other.
D Late microspore stage showing the degenerating tapetum. E
Binucleate pollen grain stage and the tapetal cells almost
completely disintegrated. F Anther dehiscence. a–f. Photomicro-
graphs of anther and pollen development in S. discolor ‘S365’. a
MMC stage and each anther lobe is made up of epidermis,
endothecium, middle layer, tapetum and microspore mother cells. b
Enlarged MMC showing enlarged tapetum and formation of
callose wall. c Early microspore stage showing many collapsed
microspores (arrow heads), the tapetum is still enlarged. d Late
microspore stage showing degenerating tapetum. e Binucleate
pollen grain stage and the tapetum has almost completely
degenerated. f Anther dehiscence showing few normal appearing
pollen grains CW callose wall, EM enlarged microspore mother
cells, Ep epidermis, En endothecium, ML middle layer, MMC
microspore mother cell, Ta tapetum, Te tetrad. Bars=40 lm

c
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After about 10 days, microspores were formed in
S. discolor (Fig. 2c). Apparently, meiosis occurred but it
was never observed. The tapetum at this stage was still
made up of enlarged and densely cytoplasmic cells. The
callose wall was dissolved and the microspores were re-
leased from their tetrad arrangement (Fig. 2c). How-
ever, most of the released microspores were collapsed.

At late microspore stage, the tapetum became highly
vacuolate and separated from each other (Fig. 2d). This
stage of development was accompanied by increase in
the diameter of the anther lobes.

In S. discolor, a few microspores underwent mitosis
resulting in the formation of binucleate pollen grains.
The tapetum had almost completely degenerated at this
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stage (Fig. 2e). The anthers dehisced but the pollen
grains remained attached on the inner part of the anther
wall (Fig. 2f).

Histochemical analysis of pollen development

Anthers at various stages of development were examined
for the presence and localization of callose using aniline
blue. Callose appeared bright blue or white when ob-
served under a fluorescence microscope using UV exci-
tation. At MMC stage, no callose was detected from any
of these species. In S. eriocephala and S. exigua, callose
was observed only at the tetrad stage (Fig. 3A). In
S. discolor, callose was observed in the undivided but
separated MMCs (Fig. 3a) at the stage where the tapetal
cells were fully expanded and the cytoplasm ranged from
being cytoplasmically dense to slightly vacuolate.

To detect the presence and localization of insoluble
polysaccharides in anthers at various developmental
stages, representative sections were stained with Peri-
odic-Acid-Schiff’s (PAS). Structures that were PAS-po-
sitive stained red. In S. eriocephala and S. exigua, a few
PAS-positive granules were observed in the anther wall
layers and connective tissues at MMC stage. Accumu-
lation of large amounts of PAS-positive granules in the
anther wall layers and connective tissues occurred dur-
ing meiosis and tetrad formation (Fig. 3B). No PAS-
positive granules were observed in the MMCs, tetrads
and enlarged tapetal cells at this stage. At microspore
stage, the number of PAS-positive granules in the anther

wall layers and connective tissues decreased. PAS-posi-
tive granules had completely disappeared at the pollen
grain stage and no PAS-positive granules were observed
in the anther wall layers.

In S. discolor, there were far fewer PAS-positive
granules in the anther wall layers and connective tissues
at MMC stage. At the stage where meiosis and tetrad
formation were expected to occur based on the devel-
opmental and cytological features of the tapetum, also
very few PAS-positive granules were observed in the
anther wall layers and connective tissues in S. discolor
(Fig. 3b).

Protein analysis

Proteins were extracted from whole reproductive buds,
inflorescence axes, and anthers of S. eriocephala ‘S19’
and ‘S287’ and S. discolor ‘S365’ and separated by 1D
gel electrophoresis (Fig. 4). Our results showed that in
both clones of S. eriocephala, the most abundant protein
in all the reproductive structures examined was a 32-kDa
protein. In S. discolor, this protein is largely absent in all
the reproductive structures examined. Protein profiles
from the reproductive buds and stems of S. exigua and
S. purpurea, as well as stems of S. eriocephala and
S. discolor, were also examined and showed the presence
and abundance of the 32-kDa protein (data not shown).

Analysis by 2D gel electrophoresis showed that the
32-kDa protein was made up of six isoforms with the
following isoelectric points (pI): 6.3, 6.5, 6.8, 7.4, 8.1 and

Fig. 3 A–B. Histochemical
analysis of pollen development
in S. eriocephala ‘S19’. A
Callose walls (white) at tetrad
stage. B Periodic Acid Schiff
(PAS)-positive granules (arrow
heads) in anther wall and
connective tissue. a–b
Histochemical analysis of
pollen development in S.
discolor ‘S365’. a Callose walls
(white) in the enlarged MMC. b
Few of PAS-positive granules
(arrow head) in the anther walls.
Bars=40 lm
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8.6 (Fig. 5). The two most intense spots (pI 6.8 and 7.4)
were subjected to ESI-QTOF-MS/MS analysis followed
by manual interpretation of the spectra. De novo
sequencing yielded information on the amino acid se-
quences from several peptides. The amino acid se-
quences obtained from the two spots were identical.
Although analysis by mass spectrometry could detect
posttranslational modifications, no such information
was obtained from the two spots examined. However,
the amino acid sequences obtained (Table 2) were que-
ried against the NCBI’s non-redundant protein database
using BLAST. Sequences from the positive hits
were aligned for comparison with the sequences from
S. eriocephala (Table 2).

Discussion

Development of male reproductive structures in willow

Reproductive buds in willows were formed by the mid-
dle of July and contained developing inflorescence
meristems. Floral meristems were initiated acropetally
along its flanks. By the middle of August, two anther
primordia were initiated per floral meristem. It is at this
stage when the gender of the plant can first be deter-
mined. Dissection of the reproductive buds and exam-
ining developing anthers allow determination of the
male plants. This is about 8 months earlier as compared
to waiting for the appearance of the anthers in spring.
The ability to determine male plants early in develop-
ment will be useful in the planning and execution of
experiments, thereby facilitating breeding work. Our
dissection technique is equally applicable to the deter-
mination of female plants and very useful for the iden-
tification of gender from plants that have produced
reproductive buds. However, if gender determination is
desired from younger plants, molecular markers should
be used (Alstrom-Rapaport et al. 1998; Gunter et al.
2003).

By September, the anthers were at microspore mother
cell stage and it was in this condition that the plant
underwent winter dormancy. This stage is comparable to
many other woody species that produced reproductive
buds that overwinter (Pacini et al. 1986; Luna et al.
1990; Reinoso et al. 2002). Much of the activities in the
reproductive buds in the first year of the reproductive
process were in the stages leading to the initiation of the
anthers (containing microspore mother cells). As for the
second year of the reproductive process, the activities
lead to the actual development of the pollen grains.

Our histological analysis shows that there is no dif-
ference in the development of the reproductive struc-
tures, particularly of the pollen grains between the two
clones of S. eriocephala ‘S19’ and ‘S287’ that were
examined (results for ‘S287’ not shown). Except for the
timing, there is also no difference in the development of
pollen grains between those induced under greenhouse
conditions and those obtained directly from the field.
Furthermore, no difference was observed in the devel-
opment of pollen grains between S. eriocephala and
S. exigua or S. purpurea. Therefore, based on these
comparisons, the series of developmental stages docu-
mented in S. eriocephala represent a typical condition in
willow, from which stages in other willow species could
be compared with. S. eriocephala was used as the stan-
dard since S. discolor with normal stages of pollen
development was not available during the study.

The nature of male sterility in S. discolor ‘S365’

There are several differences in the development of the
pollen grains in S. discolor when compared to what we

Fig. 4 One-dimensional polyacrylamide gel analysis of proteins
from reproductive structures in S. eriocephala ‘S19’and ‘S287’ and
S. discolor ‘S365’. Lane 1 catkin axis ‘S287’; Lane 2 whole catkin
‘S287’; Lane 3 whole catkin without hairs ‘S287’; Lane 4 anther
‘S287’; Lane 5 anther ‘S365’; Lane 6 whole catkin ‘S365’; Lane 7
catkin axis ‘S365’; Lane 8 whole catkin ‘S19’. The arrows point to
the 32-kDa protein

Fig. 5 2D SDS polyacrylamide gel analysis of the 32-kDa protein
from S. eriocephala. 1 pI=6.3; 2 pI=6.5; 3 pI=6.8; 4 pI=7.4;
5 pI=8.1; 6 pI=8.6
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consider as typical for willows. In S. eriocephala and
S. exigua, meiosis occurs as the tapetum fully enlarges.
In S. discolor, however, meiosis does not occur even if
the tapetum is at this developmental condition. Instead,
the microspore mother cells expand and separate from
each other. These were never observed in the microspore
mother cells of S. eriocephala and S. exigua.

Also, correlated with the occurrence of meiosis in S.
eriocephala and S. exigua is callose wall formation which
results in the retention of the microspore tetrads within
the callose wall. In S. discolor, formation of callose wall
occurs in spite of the absence of meiosis or microspores
suggesting that callose wall formation is unaffected by
the developmental condition of the developing male
gametophytes. Therefore, callose walls enclose the en-
larged microspore mother cells in S. discolor. In spite of
this, meiosis still occurs in S. discolor, although after
about 10 days. On the other hand, most of the resulting
microspores from S. discolor are unable to expand and
they eventually disintegrate. The remaining few mi-
crospores expand and undergo microspore mitosis. The
large number of degenerated microspores appears to
form a sticky coating around the few bicellular pollen
grains which are not easily dispersed when the anthers
dehisce. When these pollen grains were extracted using
organic solvents and used to pollinate various willow
clones, seeds were not produced (Kopp 2000). This
indicates that even the few normal appearing pollen
grains that are produced by S. discolor are non-func-
tional.

Another difference between the two willow species is
in the degree of accumulation of insoluble carbohydrates
in the anther wall layers surrounding the microspore
mother cells. A lot of insoluble carbohydrates were ob-
served in S. eriocephala, much fewer in S. discolor. This
is related to what was observed in Brassica juncea where
sugar levels in the anther of male sterile lines were found
to be significantly lower than in those of the related
fertile lines (Banga et al. 1984). Also, deficiency of car-
bohydrates in anthers has been reported to lead to
abnormal pollen development and male sterility (Banga
et al. 1984; Bhadula and Sawhney 1989; Sawhney 1992).
Carbohydrates are known to serve as energy source to
sustain the active metabolism associated with pollen
development (Clément et al. 1994). Reproductive organs
are potentially sensitive to modification of carbohydrate
supply, particularly at meiosis (Saini 1997; Jean and
Lapointe 2001). Therefore, the limited amount of
insoluble polysaccharides in the anther wall layers and

connective tissues of S. discolor might have deprived the
microspore mother cells, thereby retarding their devel-
opment.

Analysis of the protein profiles of the inflorescence
meristem, inflorescence axis, and anthers of S. eriocep-
hala by 1D gel electrophoresis shows that the most
abundant protein in these structures is a 32-kDa protein.
This protein was also found in the stems of S. eriocep-
hala and S. discolor, as well as in the other willow clones
and species examined. However, this protein is highly
reduced in the inflorescence meristem, inflorescence axis
and anthers of S. discolor. A 32-kDa protein was also
described in S. microstachya (Wetzel and Greenwood
1991), poplars (Clausen and Apel 1991; Coleman et al.
1992; Coleman and Chen 1993; Bearmore et al. 1996),
and pistachio (Golan-Goldhirsh et al. 1998). Identifica-
tion of the 32-kDa protein by 2D gel electrophoresis
coupled with ESI-Q-TOF-MS/MS analysis using se-
quences from several peptides showed that it is highly
homologous to the major storage proteins in Populus ·
canadensis (Clausen and Apel 1991) and bark storage
protein in P. deltoides (Coleman et al. 1992; Coleman
and Chen 1993). No other homolog proteins were ob-
tained through BLAST search. In fact, this protein may
be a characteristic of the Salicaceae (Beardmore et al.
1996).

Storage proteins are translocated in perennial tissues
in the fall and remobilized to serve as source of carbon,
nitrogen and sulfur for growth and development in
spring (Herman and Larkins 1999). The anther is the
strongest sink in the floral buds, and intense anther
growth occurs from microspore mother cell stage to late
microspore stage (Clément et al. 1994; 1996). This means
that the delay in the activity of the microspore mother
cells (i.e., meiosis) may also be attributed to the much
reduced amount of the major storage protein in the
reproductive buds of S. discolor .

The series of developmental defects associated in the
formation of pollen grains in S. discolor is typically
observed in plants with perturbed carbohydrate and
protein accumulations (Goetz et al. 2001; Datta et al.
2002). This suggests that male sterility in S. discolor
‘S365’ is due to some genetic defects that affect the
accumulation of carbohydrate and protein reserves in
the reproductive structures. The exact mechanism be-
hind these deficiencies and their effect on pollen devel-
opment in willow is not known. However, it is significant
to be able to establish the nature of male sterility in S.
discolor ‘S365’.

Table 2 Partial amino acid sequence of the 32-kDa protein from S. eriocephala and comparison with other proteins in the NCBI database

Species (accession#) Amino acid sequence and alignment

S. eriocephala (?) NGLVLTSDEVEK??VVFQGVSNVAGETLK ?????Y LASYNAFLAATK ?
P. x canadensis (AAB20113.2) ASVALTSLSNEKLFVVFQGVSNVAGETSS NSRVS YLASYNAFLAATK 299
P. deltoides (Q07469) ASVALTSLSNEKLFVVFQGVSNVAGETSS NSRVS YLASYNAFLAATK 299
P. deltoides (Q09117) ASVALTSLSNEKLFVVFQGVSNVAGETSS NSRVS YLASYNAFLAATK 316

?=not known available
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Male sterility is a highly desirable feature and various
researches have been done to achieve this by disrupting
pollen development through genetic engineering (Strauss
et al. 1995; Goetz et al. 2001; Daniell 2002; Guerineau
et al. 2003). It is remarkable that male sterile plants are
available even without resorting to genetic engineering,
especially in species with a very high economic potential
like willow.
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